
Ecology and Evolution. 2019;9:1029–1040.	 ﻿�   |  1029www.ecolevol.org

 

Received: 18 April 2018  |  Revised: 2 October 2018  |  Accepted: 10 October 2018
DOI: 10.1002/ece3.4742

O R I G I N A L  R E S E A R C H

Assessing eukaryotic biodiversity in the Florida Keys National 
Marine Sanctuary through environmental DNA metabarcoding

Natalie A. Sawaya1  | Anni Djurhuus1  | Collin J. Closek2,3 | Megan Hepner1 |  
Emily Olesin4 | Lindsey Visser5,6 | Christopher Kelble6 | Katherine Hubbard4 |  
Mya Breitbart1

This is an open access article under the terms of the Creative Commons Attribution License, which permits use, distribution and reproduction in any medium, 
provided the original work is properly cited.
© 2019 The Authors. Ecology and Evolution published by John Wiley & Sons Ltd.

1College of Marine Science, University of 
South Florida, Saint Petersburg, Florida
2Stanford Center for Ocean 
Solutions, Stanford University, Stanford, 
California
3Department of Civil and Environmental 
Engineering, Stanford University, Stanford, 
California
4Florida Fish and Wildlife Conservation 
Commission‐Fish and Wildlife Research 
Institute, Saint Petersburg, Florida
5Rosenstiel School of Marine and 
Atmospheric Science, University of Miami, 
Miami, Florida
6NOAA Atlantic Oceanographic and 
Meteorological Laboratory, Miami, Florida

Correspondence
Anni Djurhuus, University of South Florida, 
College of Marine Science, Saint Petersburg, 
FL.
Email: anni.djurhuus@gmail.com

Funding information
Bureau of Ocean Energy Management; 
National Ocean Partnership Program, Grant/
Award Number: 2014-2003803; Integrated 
Ocean Observing System; National 
Aeronautics and Space Administration, 
Grant/Award Number: NNX14AP62A; 
National Oceanic and Atmospheric 
Administration

Abstract
Environmental DNA (eDNA) is the DNA suspended in the environment (e.g., water 
column), which includes cells, gametes, and other material derived from but not lim‐
ited to shedding of tissue, scales, mucus, and fecal matter. Amplifying and sequenc‐
ing marker genes (i.e., metabarcoding) from eDNA can reveal the wide range of taxa 
present in an ecosystem through analysis of a single water sample. Metabarcoding of 
eDNA provides higher resolution data than visual surveys, aiding in assessments of 
ecosystem health. This study conducted eDNA metabarcoding of two molecular 
markers (cytochrome c oxidase I (COI) and 18S ribosomal RNA (rRNA) genes) to sur‐
vey eukaryotic diversity across multiple trophic levels in surface water samples col‐
lected at three sites along the coral reef tract within the Florida Keys National Marine 
Sanctuary (FKNMS) during four research cruises in 2015. The 18S rRNA gene se‐
quences recovered 785 genera while the COI gene sequences recovered 115 genera, 
with only 33 genera shared between the two datasets, emphasizing the complemen‐
tarity of these marker genes. Community composition for both genetic markers clus‐
tered by month of sample collection, suggesting that temporal variation has a larger 
effect on biodiversity than spatial variability in the FKNMS surface waters. Sequences 
from both marker genes were dominated by copepods, but each marker recovered 
distinct phytoplankton groups, with 18S rRNA gene sequences dominated by dino‐
flagellates and COI sequences dominated by coccolithophores. Although eDNA sam‐
ples were collected from surface waters, many benthic species such as sponges, 
crustaceans, and corals were identified. These results show the utility of eDNA me‐
tabarcoding for cataloging biodiversity to establish an ecosystem baseline against 
which future samples can be compared in order to monitor community changes.
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1  | INTRODUC TION

Coastal marine habitats are diverse and essential ecosystems that 
support many economically important industries including fisheries, 
tourism, and pharmaceuticals (Barbier et al., 2011; Moberg & Folke, 
1999). Coastal ecosystems are facing unprecedented global threats 
ranging from climate change to habitat destruction (Kuffner, Lidz, 
Hudson, & Anderson, 2015). Defining the status of these ecosys‐
tems can be very difficult as different observational tools and tech‐
niques are needed to assess the function of each unique community 
of organisms, and metrics of health are highly dependent upon 
what humans value from the ecosystem (Lackey, 2001). With the 
awareness that each habitat functions differently, it is crucial to de‐
fine a baseline for each ecosystem against which to compare future 
change.

The Florida Keys National Marine Sanctuary (FKNMS) covers 
over 9,500 km2 and is inhabited by >6,000 different marine species 
from diverse habitats such as seagrass beds, coral reefs, and man‐
groves (Suman, Shivlani, & Walter Milon, 1999). United States na‐
tional marine sanctuaries were established to protect critical marine 
habitats; therefore, effective monitoring and maintenance of these 
sanctuaries is vital for assessing ecosystem condition. The current 
lack of a comprehensive biodiversity baseline for these sanctuar‐
ies makes it difficult to assess whether changes in the ecosystem 
result from natural fluctuations or are anthropogenically induced. 
Enhanced monitoring of marine sanctuaries allows for early detec‐
tion of changes in key indicators to enable proactive management 
strategies, rather than relying upon reactionary responses (Port et 
al., 2016). Traditional visual surveys of marine habitats are time and 
labor‐intensive, often focusing on a few select taxa instead of ob‐
serving the ecosystem as a whole. Additionally, traditional sampling 
tools are often not sufficient to detect all species and the tempo‐
ral and spatial resolution is limited, emphasizing the need for new 
sampling techniques (Ardura et al., 2015). Assessment of marine 
protected areas such as the FKNMS would therefore benefit from 

an observation system that requires less sampling effort and simul‐
taneously yields species information across multiple trophic levels.

Researchers have used metabarcoding (the amplification and 
sequencing of marker genes) of single‐celled organisms in water 
samples for over thirty years to describe the diversity and compo‐
sition of environmental microbial and phytoplankton communities 
(Hugenholtz, Goebel, & Pace, 1998; Pace, 1997; Pace, Stahl, Lane, & 
Olsen, 1986; Pedro, Di, Massana, Marina, & De, 2001). These meth‐
ods have recently expanded to encompass multicellular organisms by 
taking advantage of the fact that all organisms leave traces of their 
genetic material in the environment as environmental DNA (eDNA) 
through shedding and depositing waste (Deagle, Clarke, Kitchener, 
Polanowski, & Davidson, 2018; Taberlet, Coissac, Hajibabaei, & 
Rieseberg, 2012). Since the majority of eDNA is found in the 1–10 µm 
size fraction, a 0.22 µm filter effectively captures both single‐celled 
organisms and particulate organic matter left behind by multicellular 
individuals (Sassoubre, Yamahara, Gardner, Block, & Boehm, 2016; 
Turner et al., 2014). Therefore, metabarcoding of eDNA captured on 
a 0.22 µm filter from seawater enables high resolution examination 
of ecosystem biodiversity across multiple trophic levels (Biggs et al., 
2015; Djurhuus et al., 2017; Jane et al., 2015; Kelly et al., 2017; Port 
et al., 2016; Stat et al., 2017). Additionally, since DNA degradation 
in the water column occurs within a few days to weeks, species re‐
covered with eDNA are expected to have recently been present near 
the site of sample collection (Andruszkiewicz, Sassoubre, & Boehm, 
2017; Thomsen et al., 2012)

As a part of the Marine Biodiversity Observation Network 
(MBON), which aims to monitor biodiversity across multiple trophic 
levels, we are testing the applicability of eDNA metabarcoding to 
examine eukaryotic communities by using routinely monitored and 
tightly regulated marine sanctuaries as sentinel sites that will act 
as indicators for the status of nearby marine ecosystems. Here, we 
compare the eukaryotic species identified through metabarcoding 
of two genetic markers, the 18S ribosomal RNA (rRNA) and cyto‐
chrome c oxidase I (COI) genes, from eDNA collected from the sur‐
face water at three coral reef sites in the FKNMS during four months 
(April, June, September, and November) in 2015.

2  | MATERIAL S AND METHODS

2.1 | Sample collection

Sampling was conducted in the FKNMS, at three sites along the 
reef tract: Molasses Reef (MR) 25°00'36.0"N 80°22'48.0"W, Looe 
Key (LK) 24°32'18.0"N 81°24'48.0"W, and Western Sambo (WS) 
24°26'40.8"N 81°43'01.2"W (Figure 1). The total reef tract sampled 
was 149.25 km, MR and LK are 116.8 km from one another and WS is 
32.45 km from LK. At each site, a rosette of Niskin bottles was sub‐
merged underwater and triplicate one liter surface seawater samples 
(one replicate from each Niskin bottle) were collected aboard the 
R/V Walton Smith throughout 2015 on April 13–14th, June 1st–2nd, 
Sept 21st−22nd, and November 16–17th. Onboard, the water was 
immediately filtered onto 0.22 µm polyvinylidene difluoride (PVDF) 

F I G U R E  1  Map of South Florida depicting the three collection 
sites‐ Molasses Reef (MR) 25°00'36.0"N 80°22'48.0"W, Looe 
Key (LK) 24°32'18.0"N 81°24'48.0"W, and Western Sambo (WS) 
24°26'40.8"N 81°43'01.2"W
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membrane Sterivex filters (Millipore). MilliQ water was also filtered 
onto a 0.22 µm PVDF Sterivex filter alongside field samples to serve 
as a filtration control. The filters were frozen in liquid nitrogen on the 
ship and stored in a −80˚C freezer until DNA extraction.

2.2 | DNA extraction

Sterivex filters were opened with autoclaved pliers and the filters 
were removed from the cartridge using a sterile razor blade. Pliers 
were sterilized with DNA Away (Thermo Fisher Scientific) and a new 
razor blade was used for each filter. DNA was then extracted from 
the filters with the Qiagen DNeasy Blood and Tissue Kit (Qiagen) 
using the modified protocol described by Djurhuus et al. (2017) that 
includes a bead‐beating step for mechanical lysis of cells. Briefly, 1 g 
of 0.5 mm and 1 g of 0.1 mm glass beads (BioSpec Products) were 
added with 900 µl of ATL Buffer (Qiagen) to a 2 ml centrifuge tube 
containing the PVDF filter. The beads were sterilized by pre‐com‐
bustion at 500˚C for 3 hr before use. Bead‐beating was performed 
on a vortex with a bead‐beater adapter for 45 s at maximum speed, 
followed by a 30‐min incubation at 56 ˚C and another round of 
bead‐beating. Subsequently, 100 µl of Proteinase K (2 mg/L final 
concentration) were added, followed by 10 s of vortexing and a 2 hr 
shaking incubation at 56 ˚C. Samples were then vortexed for 15 s 
and centrifuged for 1 min (4,000 g), after which 650 µl of bead‐free 
supernatant was transferred into a new 2 ml tube. After these steps 
the DNeasy Blood and Tissue Kit (Qiagen) protocol was executed 
with the following modifications: 650 µl AL Buffer, 650 µl ethanol, 
and final elution steps of 2 × 50 µl AE Buffer. An extraction blank (no 
sample template) and the filtration control were processed alongside 
environmental samples.

2.3 | PCR and library preparation

Primer sets targeting the 18S rRNA and COI genes were used to am‐
plify each of the DNA extracts. The primer sequences for the 18S 
rRNA gene were: 1391F, 5′ GTACACACCGCCCGTC 3′, and EukBr, 5′ 
TGATCCTTCTGCAGGTTCACCTAC 3′ (Amaral‐Zettler, McCliment, 
Ducklow, & Huse, 2009). The primer sequences for the COI gene 
were: mlCOIintF, 5′ GGWACWGGWTGAACWGTWTAYCCYCC 
3’ and HCO2198, 5’ TAAACTTCAGGGTGACCAAAAAATCA 3’ 
(Folmer, Black, Hoeh, & Lutz, 1994; Leray, Agudelo, Mills, & Meyer, 
2013). Triplicate 25 μl PCR reactions were run using 12‐basepair 
Golay barcoded reverse primers (Amaral‐Zettler et al., 2009). Each 
reaction contained 1 μl of 1:10 diluted DNA extracts for the tem‐
plate, 10 μl Amplitaq Gold mastermix (Thermo Fisher Scientific), 1 μl 
each of forward and reverse primers (5 μM), and 4 μl of the mam‐
malian blocking primer (10 μM) for 18S rRNA only (Amaral‐Zettler 
et al., 2018; Vestheim & Jarman, 2008). Triplicate PCR blanks (no 
template added) were run in conjunction with the samples following 
the same protocol.

18S rRNA cycling parameters were 94°C for 3 min, followed by 
35 cycles of 94°C for 45 s, 65°C for 15 s, 57°C for 30 s, and a final 
step of 72°C for 90 s. COI cycling parameters were 95°C for 10 min, 

followed by 16 cycles of 94°C for 10 s, 62°C for 30 s (decreasing by 
1°C per cycle), 68°C for 60 s, followed by 25 cycles of 94°C for 10 s, 
46°C for 30 s, 68°C for 60 s, and a final step of 72°C for 10 min.

PCR triplicates were then pooled and run on a 1.5% agarose gel 
stained with ethidium bromide to confirm amplification of target 
genes. The Agencourt AMPure XP bead system (Beckman Coulter) 
was used to purify PCR products. To confirm removal of excess 
primers and retention of target amplicons, purified products were 
run on a second agarose gel. Purified PCR products were quantified 
using a Qubit dsDNA HS Assay Kit (Invitrogen) and equimolar con‐
centrations of 10 nM per sample were combined into a single gene 
library pool. Sequencing was performed at the Stanford Functional 
Genomics Facility on an Illumina MiSeq platform using paired‐end 
sequencing (Miseq Reagent kit v2) and a 20% PhiX174 spike‐in con‐
trol to improve the quality of low‐diversity samples (Kircher, Stenzel, 
& Kelso, 2009).

2.4 | Bioinformatics and molecular taxonomic 
identification

Sequence data from this study can be accessed with SRA acces‐
sion ID SRP134124. A Unix shell script specifically written to ana‐
lyze Illumina‐generated eDNA metabarcoding data (https://github.
com/jimmyodonnell/banzai) was used to process sequence data. 
The pipeline performs the following main steps: merging of paired 
reads using PEAR v 0.9.2 (Zhang, Kobert, Flouri, & Stamatakis, 2014), 
quality filtering with USEARCH (Edgar, 2010), and primer removal 
with cutadapt v 1.4.2 (Martin, 2011) allowing for no mismatches in 
the primer sequence. Operational Taxonomic Units (OTUs) were 
clustered using Swarm, a single linkage clustering algorithm com‐
posed of two phases: growth and breaking. During the growth phase 
Swarm uses a pairwise alignment algorithm to compute differences 
between aligned pairs of amplicons while the breaking phase refines 
clustering results by using amplicon abundance information (Mahé, 
Rognes, Quince, Vargas, & Dunthorn, 2014, 2015). Swarm was cho‐
sen to cluster the OTUs because it does not require using a predeter‐
mined restrictive percent identity cutoff for OTU assignment, since 
these cutoffs are highly variable for different molecular markers 
(Mahé, Rognes, Quince, Vargas, & Dunthorn, 2014, 2015). In order 
to decrease sequencing errors, sequence reads with homopolymers 
>7 bases were omitted. Taxonomic annotations for both genes were 
assigned via the NCBI nt database at 95% similarity to increase the 
proportion of assigned sequences, with secondary taxonomic as‐
signment using the lowest common ancestor (LCA) algorithm in 
MEGAN at 70% (Huson, Auch, Qi, & Schuster, 2007). By identifying 
the lowest common ancestor of the group of taxa a read matched 
to, the LCA approach increases the number of reads assigned, par‐
ticularly for less specific matches. Consequently, this means reads 
with weaker matches to the database will more likely result in assign‐
ments at a higher taxonomic level.

To control for contamination, the percent abundance of each 
OTU that was recovered in the filtration and extraction controls was 
removed from the samples. First, the average percent abundance of 

https://github.com/jimmyodonnell/banzai
https://github.com/jimmyodonnell/banzai
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each OTU in the four filtration controls was removed from environ‐
mental samples. Subsequently, the percent abundance of each OTU 
in the extraction blank was removed in a second step. The OTUs 
from each sample were then filtered and normalized with the R 
DESEQ2 package v 1.16.1, which corrects for an uneven sequenc‐
ing depth across samples, increasing the data stability and focusing 
the quantitative analysis on the strength of differential abundance 
(Love, Huber, & Anders, 2014). Statistical analyses were performed 
in R with the vegan package v 2.4–3 (Oksanen et al., 2017). Species 
richness was obtained by summing a binary presence‐absence ma‐
trix of OTUs present in each sample. To evaluate whether species 
richness was significantly different across months and sites, anal‐
ysis of variance (ANOVA) followed by Tukey Honest Significant 
Difference (Tukey HSD) tests were performed. The metaMDS func‐
tion was used for non‐metric multidimensional scaling (NMDS) anal‐
ysis to compare community structure among samples based on the 
binary dataset using Sorenson‘s distance matrix. A permutational 
multivariate analysis of variance (PERMANOVA) was calculated 
using the adonis function to partition the variance between months 
in the NMDS. Triplicates were then pooled using the merge_sam‐
ples function within the phyloseq package in R (Mcmurdie & Holmes, 
2013). Finally, the top 50 genera across all samples were ranked with 
phyloseq and a heatmap was created using the superheat R package 
(Barter & Yu, 2017).

To construct the phylogenetic tree, a consolidated list of all 
classes identified with either the 18S rRNA and COI gene markers 
was generated. The tree was created in phyloT using the Newick tree 
format based on the NCBI taxonomy. The taxa identified by each 
marker were visualized with the interactive Tree Of Life (Letunic & 
Bork, 2016).

3  | RESULTS

3.1 | Community composition

The average number of reads recovered for each sample was 
113,561 (SD = 72,341) for 18S rRNA and 23,085 (SD = 9,534) 
for COI. The average number of reads recovered from the filtra‐
tion controls was 60,801 (SD = 27,529) for 18S rRNA and 13,808 
(SD = 13,421) for COI, while the average number of reads for the ex‐
traction blank was 1,203 for 18S rRNA and four for COI. One of the 
Western Sambo triplicates in April, September, and November had 
higher than average reads in both 18S rRNA and COI datasets. 18S 
rRNA OTU richness was not significantly different between months 
(ANOVA p > 0.05, df = 3), but was significantly different between 
sites (ANOVA p < 0.05, df = 2; Figure 2). The significance was driven 
by the difference between richness in Looe Key and Western Sambo 
in 18S rRNA (Tukey HSD p < 0.03). COI OTU richness was not signifi‐
cantly different between months (ANOVA p > 0.05, df = 3) nor sites 
(ANOVA p > 0.05, df = 2). Overall, a higher richness of OTUs was re‐
covered with the 18S rRNA gene, with almost four times more 18S 
rRNA OTUs compared to COI. The variance of OTU richness among 
the triplicates in Western Sambo was the highest at all months for 
both markers.

For the 18S rRNA gene, 16,203 OTUs were recovered, compared 
to only 3,891 for the COI gene. In comparison, the filtration con‐
trol recovered 942 OTUs for the 18S rRNA gene and 151 for COI, 
while the extraction blank recovered 10 and four OTUs for the 18S 
rRNA and COI genes, respectively. The sequences present in these 
negative controls were removed from the sample data as described 
above in the methods. Of the OTUs in the eDNA samples, 52.8% 

F I G U R E  2  Box‐and‐whiskers plot showing the mean plus/minus the variance of the OTU richness among triplicates for each sample. 
Months are plotted together, and sites are colored according to the key. LK: Looe Key; MR: Molasses Reef; WS: Western Sambo
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and 21.3% were taxonomically annotated for 18S rRNA and COI, 
respectively, with 78.9% of 18S rRNA OTUs and 42.8% of COI OTUs 
annotated to Eukarya (Table 1). The other 21.1% of 18S rRNA OTUs 
were annotated to Bacteria and Archaea, while the remaining 57.2% 
of annotated COI OTUs were assigned to “cellular organisms” with 
only one OTU being assigned to Bacteria. Further analyses focused 
only on sequences annotated as eukaryotes.

To compare community structure between samples, non‐metric 
multidimensional scaling (NMDS) was performed based on the pres‐
ence/absence of each OTU in a sample. The NMDS showed cluster‐
ing of similar OTU assemblages by seasons (PERMANOVA p < 0.05), 
not by site, for each genetic marker (Figure 3). Most triplicates 
clustered together on the NMDS plot. Secondary NMDS plots that 

removed all OTUs found in the negative controls (instead of remov‐
ing based on proportional abundance as described above) support 
the patterns observed in the original NMDS, demonstrating that se‐
quences in the controls were negligible with respect to driving com‐
munity composition (Supporting Information Figure S1).

3.2 | Major taxonomic groups

At each classification from phylum to species level, a higher percent‐
age of 18S rRNA OTUs were annotated compared to COI. OTUs with 
the same taxonomic assignment were merged in the results based on 
annotations (Table 1, Figures 4 and 5). The number of groups at each 
classification level, from phyla to species, was consistently higher 

TA B L E  1  Breakdown of sequence annotation, pooled across all months and sites for each marker

Total Eukarya Phylum Class Order Family Genus Species

18S rRNA

Sequences 4,097,790 1,888,828 1,810,577 1,702,216 1,335,996 1,335,996 1,164,364 845,798

OTUs 16,203 6,791 6,008 5,442 4,657 4,249 3,887 2,988

Unique – – 86 162 376 624 785 918

COI

Sequences 837,617 425,388 425,327 425,293 425,293 422,475 422,301 418,706

OTUs 3,891 360 358 352 352 336 325 307

Unique – – 18 41 75 103 115 125

Note. “Unique” groups refer to the number of taxa that remained after merging OTUs with identical annotation at that taxonomic classification.
COI: cytochrome c oxidase I; OTUs: Operational Taxonomic Units.

F I G U R E  3  NMDS plots, with a stress of 0.056 for 18S rRNA and 0.11 for COI, showing the similarity of community structures of each 
sample based on the binary OTU table. Sites are depicted by the different shapes and months are represented by different colors. The 
ellipses show the 99% standard error of the means based on the centroid calculated for each month. LK: Looe Key; MR: Molasses Reef; WS: 
Western Sambo
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for 18S rRNA than for COI (Table 1). While both genetic markers 
recovered the same phyla, at finer taxonomic resolution only 85% of 
classes, 73% of orders, 51% of families, 29% of genera, and 14% of 
species identified by COI overlapped with those recovered by 18S 
rRNA taxonomy.

To compare the taxonomic groups detected by each marker, only 
OTUs that the pipeline classified at the genus/species level were 
utilized for the remaining analyses. Comparing the higher‐level tax‐
onomic rankings (i.e., classes) of OTUs that matched these criteria, 
the 18S rRNA gene identified 130 classes, while only 38 classes 
were recovered with the COI gene. The phylogenetic tree of classes 
demonstrates the large overlap in annotated classes from each gene 
(Figure 4). Five classes were detected only with COI compared to 97 
classes detected only with 18S rRNA. Clear differences were seen in 

the 50 most abundant genera recovered with each genetic marker. 
Approximately half of the top 50 genera from 18S rRNA were phy‐
toplankton while the top 50 genera from COI consisted primarily of 
arthropods (Figure 5). The top 50 genera from 18S rRNA were gen‐
erally ubiquitous across sites and months but the COI genera were 
more dynamic, with only a few of the top 50 exhibiting widespread 
distribution (Figure 5). The top 50 genera for each molecular marker 
were divided into major taxonomic groups, and all genera within 
these groups were compared between the two markers (details on 
each group is available in the Supporting Information Appendix S1). 
Protists and arthropods were the most diverse groups observed 
regardless of target gene, with over 277 and 85 unique genera re‐
covered, respectively (Table 2). 18S rRNA consistently identified 
more genera and shared at least one genus with COI in 9 of the 

F I G U R E  4  Phylogenetic tree showing the classes recovered by the 18S rRNA and COI markers. Bars above the taxonomy represent the 
sequence abundance recovered with each marker on a log scale



     |  1035SAWAYA et al.

11 biological groups (Table 2). The filtration control and extraction 
blanks identified 209 genera by 18S rRNA sequencing and 21 genera 
by COI sequencing. The 18S rRNA filtration control was dominated 
by genera within Polycystinea, Lingulata, Hydrozoa, and Insecta. 
The COI filtration control was primarily dominated by Homo sapi-
ens and the copepod genus Clausocalanus (Supporting Information 
Figure S2, Table S1). Reads present in the controls could represent 
potential contamination and thus were removed from the samples as 
described above in the methods section.

4  | DISCUSSION

4.1 | Community composition

Consistent with previous studies, it is clear that metabarcoding of 
multiple molecular markers recovers different taxa and thus a wider 
variety of taxa, making it more informative for assessing biodiver‐
sity than using a single marker (Kelly et al., 2017; Stat et al., 2017). 
Although sequencing of the 18S rRNA gene detected more OTUs 
than the COI gene and included all the phyla found with COI, it failed 
to recover genera and families that were abundant in COI. Thus, 
only using one marker gene would have yielded a skewed view of 
biodiversity. In fact, using only two markers is still limiting, and we 
would likely get a more comprehensive view of the ecosystem by 
adding markers such as 12S rRNA to selectively recover vertebrates 
(Andruszkiewicz et al., 2017; Port et al., 2016; Riaz et al., 2011). 
Although 18S rRNA and COI can recover chordates, they make up a 
small portion of the sequences. Both the 18S rRNA and COI datasets 
were overwhelmed by phytoplankton and arthropod sequences due 
to their higher abundance in eDNA.

Due to limitations of taxonomic representation in the databases, 
some species were annotated to the most closely related represen‐
tatives, resulting in misidentification of species that are not known 
in the Gulf of Mexico. For example, the only Polydora species anno‐
tated, Polydora ciliate, is not known to reside in the Gulf of Mexico. 
Recovery of Heterochaerus australis is perhaps another example 
of a database limitation, particularly since the closely related spe‐
cies Heterochaerus sargassi occurs in the west Atlantic and thus is 
more likely to be in the FKNMS. In addition, the annotations for 
the Polyplacophora (chiton) species identified (Katharina tunicata, 
Tonicella lineata, Mopalia muscosa, Stenoplax alata, and Plaxiphora 
albida) are doubtful as they all occur in the Pacific Ocean, native 
to Australia, Russia, and North America (Horton et al., 2018). In 
all these cases, there are related species found in Florida and the 
Caribbean, but the lack of representation of these species in public 
sequence databases likely explains the annotation to closely related 
species found elsewhere. Alternatively, due to the limitations of vi‐
sual surveys (including microscopy) it is also possible that some taxa 
have been overlooked visually but are now being detected through 
eDNA metabarcoding (Djurhuus et al., 2018; Kelly et al., 2017).

While richness was similar among months, the NMDS and pat‐
terns in arthropod diversity showed greater influence of tempo‐
ral differences than spatial differences on community structure. 

Richness was significantly different between Looe Key and Western 
Sambo in the 18S rRNA data, which is interesting as those are the 
two locations closest geographically, emphasizing the importance 
of conducting biodiversity surveys at differing spatial scales to re‐
cover broadly distributed as well as localized taxa. Sequences from 
both genetic markers were dominated by phytoplankton and zoo‐
plankton, and thus it is credible that these communities vary tem‐
porally with changing temperature, light availability, and nutrient 
concentrations (Tilman, Kilham, & Kilham, 1982). It is unlikely that 
the presence of sessile organisms, such as sponges and corals, are 
changing drastically throughout the seasons, explaining why less of 
a seasonal trend is evident when focusing on these trophic groups/
classes individually. On occasion; however, differences were seen 
in the recovery of sessile organism sequences from a single loca‐
tion in different months. The sponge Ircinia felix, for example, was 
identified at all locations but not detected in all months (Supporting 
Information Appendix S1). Potential explanations include spawning 
or physiological changes associated with season and/or organism 
health since eDNA shedding rates are dependent on life stage and 
influenced by stress (Maruyama, Nakamura, Yamanaka, Kondoh, & 
Minamoto, 2014; Pilliod, Goldberg, Arkle, & Waits, 2013).

4.2 | Limitations and advantages of eDNA

Given the increased use of eDNA metabarcoding for monitoring bio‐
diversity in the marine realm, it is important to consider the advan‐
tages and limitations of this technique. A major limitation of eDNA 
metabarcoding is that the data can only indicate the presence, but 
not absence of a species, as recovery is dependent on primer bias, 
sequencing depth, and eDNA shedding rates. In addition, relative 
sequence abundance does not necessarily reflect the number or‐
ganisms or their biomass in a given sample. For example, our results 
show that smaller pelagic organisms dominate the sequences, which 
could potentially result from direct capture of these organisms on the 
filter. For example, 18S rRNA sequences from the protist Collozoum 
amoeboides were abundant in April at Looe Key, with close to tenfold 
as many sequences from this species compared to any other sam‐
ple or any other protist group. A potential explanation might be the 
colonial nature of the genus Collozoum, which may have resulted in 
capturing multiple cells in one sample. Resting, vegetative, parasitic, 
symbiotic, and/or sexual stages can also influence copy number of 
the target marker, in addition to inherent differences across phyla 
and organisms of different sizes. Using biomass conversions could 
aid with quantifying eDNA, and there have been studies that have 
had success doing so (Goldberg, Pilliod, Arkle, & Waits, 2011); how‐
ever, performing these calculations becomes more difficult when 
looking at broader groups across trophic levels and using multiple 
marker genes (Djurhuus et al., 2018). It is also essential that envi‐
ronmental variables such as temperature and ultraviolet light, which 
affect the stability of eDNA, are taken into consideration when using 
biomass conversions.

Another limitation of eDNA is the inability to distinguish be‐
tween living and dead organisms, or to identify the life stage of 
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the organism that was recovered (Rees, Maddison, Middleditch, 
Patmore, & Gough, 2014). For example, an organism may release a 
large amount of eDNA into the water column as the result of preda‐
tion, resulting in detection of an organism that is no longer present. 
Finally, the presence of ocean circulation and currents can confound 
the origin of the DNA sample, and although often the genetic mate‐
rial degrades before being transported too far from the source (Kelly, 
Port, Yamahara, & Crowder, 2014; O'Donnell et al., 2017; Thomsen 
et al., 2012) many organisms have life cycle stages with the capacity 
for dispersal across varied spatiotemporal scales (Green et al., 2015; 
Marcus & Boero, 1998; Palumbi, 2004; Shanks, Grantham, & Carr, 
2003). These facts emphasize that although eDNA has the potential 
of providing an enormous amount of information about an ecosys‐
tem, traditional surveys have distinct value and should continue in 
conjunction with eDNA surveys for more robust and accurate as‐
sessments of biodiversity (Djurhuus et al., 2018; Kelly et al., 2017). 
In fact, visual surveys can detect species missed by eDNA, which is 
something to keep in mind when using eDNA as a biodiversity moni‐
toring tool (Djurhuus et al., 2018; Kelly et al., 2017). This discrepancy 
can be partly due to primer bias and the limitations of the number of 
distinct species a primer can recover (Parada, Needham, & Fuhrman, 
2016; Stat et al., 2017). However, another reason for this is likely be‐
cause of an incomplete database of marine organism sequences for 
the target genes (Djurhuus et al., 2018; Kelly et al., 2017).

Although target genes are specifically selected because they are 
commonly used during DNA barcoding, there are still large gaps in 
the database for certain organisms (Kelly et al., 2017), as evident 
by the large number of unassigned OTUs for both molecular mark‐
ers (Table 1). To compare results between genetic markers, both 

datasets in this study were compared to the NCBI nt database, even 
though SILVA is the preferred database for 18S rRNA gene analy‐
ses and BOLD is the preferred database for COI gene analyses (Bik 
et al., 2012; Pruesse et al., 2007; Ratnasingham & Hebert, 2007). 
Comparison of the 18S rRNA sequences to SILVA only resulted in 
8% more OTUs annotated than was achieved with the NCBI nt data‐
base; nevertheless, curated sequence databases are of great utility 
especially given the potential for taxonomic ambiguity and errors 
in public databases. This increase in annotation by SILVA is due to 
the manual curation of the database, which leads to assignments of 
sequences that had matches in NCBI but could not be given taxo‐
nomic assignments due to multiple hits that had identical scores and 
poor classification, resulting in different annotations and to different 
levels. These hits often include environmental sequences that are 
annotated poorly, giving little insight into taxonomic classification. In 
SILVA, these duplicates have been removed from the database and 
only reference sequences with clear taxonomic classifications have 
been retained, allowing clear assignment. In contrast, the percent of 
sequences with “no hits” (i.e., those that did not share >95% iden‐
tity to any reference sequence in the database) was higher during 
comparison against SILVA than NCBI, due to the removal of poorly 
annotated environmental sequences. As studies expand the use of 
metabarcoding to analyze community composition, it is essential to 
continue to prioritize the addition of reference sequences that will 
permit an increased number of annotated sequences and a more 
comprehensive view of biodiversity in future monitoring surveys. 
This will likely become less of a hindrance over time as more voucher 
specimens are sequenced, creating more robust databases. Since se‐
quences can be reanalyzed against improved databases in the future, 
eDNA metabarcoding is highly advantageous for time‐series studies 
focused on observing long‐term changes of community structure in 
an ecosystem because historical data can be analyzed in conjunction 
with new data and updated reference databases.

As demonstrated in this study, eDNA allows for simultaneous 
monitoring of multiple trophic levels, as opposed to visual surveys 
and other traditional sampling techniques that often focus on one 
trophic level or even more specifically one taxon. This enables 
the evaluation of ecosystem dynamics as a whole and permits the 
monitoring of co‐occurrence patterns between and among taxa. In 
comparison to traditional techniques, which mostly rely on visual 
identification, eDNA allows for a more rapid sampling effort (i.e, dive 
survey vs. filtration) and analysis (i.e., taxonomic identification vs. 
sequencing) with respect to the large amount of species recovered 
(Kelly et al., 2017). Another advantage is that collecting samples for 
eDNA analyses is non‐invasive and does not harm or disturb the or‐
ganisms of interest (Rees et al., 2014). Since filtration of one liter of 
water is straightforward, ancillary eDNA samples can easily be col‐
lected in conjunction with traditional surveys to compare techniques 

TA B L E  2  A breakdown of the number of genera recovered from 
the major taxonomic groups for 18S rRNA, cytochrome c oxidase I 
(COI) and both markers

Major group 18S rRNA COI Shared

Photosynthetic protists 201 19 14

Heterotrophic protists 70 1 0

Arthropoda 64 31 10

Mollusca 45 9 4

Fungi 56 6 3

Cnidaria 38 10 2

Annelida 44 6 3

Xenacoelomorpha 1 0 0

Porifera 42 12 5

Chordata 22 6 1

Chaetognatha 3 1 1

Note. Only major groups represented in the the top 50 genera for either 
marker are included in the table.

F I G U R E  5  Heatmaps of the percent sequence abundance within each sample of the top 50 genera for each marker. The genera are 
clustered by class, denoted to the left of the genera. Classes are then clustered into major taxonomic groups by color matching with the 
legend. Darker blue indicates a higher % sequence abundance, and grey represents the absence of a taxon. Above the heatmaps are the 
water temperatures (˚C) for each sampling time point and location (LK: Looe Key; MR: Molasses Reef; WS: Western Sambo)
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and provide essential baseline information for future studies aimed 
at detecting ecosystem change.

Metabarcoding of eDNA is a useful tool for observing biodi‐
versity across multiple trophic levels and can provide insight into 
a community from a single, small‐volume water sample. However, 
eDNA metabarcoding is not without its limitations; it is neither 
quantitative nor can it identify life stages of organisms. The prim‐
ers themselves also have biases and thus using more gene targets is 
preferable when trying to maximize taxa recovery. The large num‐
ber of unannotated sequences resulting from gaps in the database 
also hinders achieving a complete view of ecosystem community 
structure, though the utility of eDNA metabarcoding analysis will 
improve as more voucher sequences become available. Despite 
these limitations, this study recovered over 1,000 species across 
multiple trophic levels, thus emphasizing the potential of eDNA 
metabarcoding to detect a wide range of biodiversity from a single 
liter of sea water. These results highlight the potential for eDNA 
metabarcoding to be used as a monitoring tool in the FKNMS, and 
inform future studies needed to establish effective long‐term bio‐
diversity monitoring systems.

ACKNOWLEDG MENTS

This work was supported by NASA grant NNX14AP62A ‘National 
Marine Sanctuaries as Sentinel Sites for a Demonstration Marine 
Biodiversity Observation Network (MBON)' funded under the 
National Ocean Partnership Program (NOPP RFP NOAA‐NOS‐
IOOS‐2014‐2003803 in partnership between NOAA, BOEM, and 
NASA, including the U.S. Integrated Ocean Observing System 
(IOOS) Program Office and the NOAA Ocean Exploration pro‐
gram). The authors thank Frank Muller‐Karger and Enrique 
Montes for coordination of sampling efforts within the MBON 
project.

CONFLIC T OF INTERE S T

None declared.

AUTHOR CONTRIBUTIONS

NAS and AD collected and processed the samples. NAS analyzed 
the data and took lead on writing the manuscript with support from 
AD and MB. All authors contributed to analyses and interpretation 
of results in their respective expertise. CJC provided Figure 4 and 
molluscan analyses. MH provided chordate analyses. LV provided 
Figure 1 and aided with sample collection. EO and KH provided 
phytoplankton analyses. CK provided arthropod analyses. MB su‐
pervised the project.

DATA ACCE SSIBILIT Y

Raw sequence data from this study can be accessed at NCBI with 
SRA accession ID SRP134124.

ORCID

Natalie A. Sawaya   https://orcid.org/0000-0001-6841-2659 

Anni Djurhuus   https://orcid.org/0000-0002-3517-7522 

Mya Breitbart   https://orcid.org/0000-0003-3210-2899 

R E FE R E N C E S

Amaral‐Zettler, L. A., McCliment, E. A., Ducklow, H. W., & Huse, S. M. 
(2009). A method for studying protistan diversity using massively 
parallel sequencing of V9 hypervariable regions of small‐subunit ri‐
bosomal RNA genes. PLoS ONE, 4, e6372.

Amaral‐Zettler, L. A., Bauer, M., Berg‐Lyons, D., Betley, J., Caporaso, J. 
G., Ducklow, W., …Walters, W. A. (2018) EMP 18S Illumina Amplicon 
Protocol. Protocols.io, 1–8

Andruszkiewicz, E. A., Sassoubre, L. M., & Boehm, A. B. (2017). 
Persistence of marine fish environmental DNA and the influence of 
sunlight. PLoS ONE, 12, e0185043.

Ardura, A., Zaiko, A., Martinez, J. L., Samulioviene, A., Semenova, A., & 
Garcia‐Vazquez, E. (2015). eDNA and specific primers for early de‐
tection of invasive species – A case study on the bivalve Rangia cu-
neata, currently spreading in Europe. Marine Environmental Research, 
112, 48–55.

Barbier, E. B., Hacker, S. D., Kennedy, C., Koch, E. W., Stier, A. C., & 
Silliman, B. R. (2011). The value of estuarine and coastal ecosystem 
services. Ecological Monographs, 81, 169–193.

Barter, R. L., & Yu, B. (2017). Superheat: An R package for creating beau‐
tiful and extendable heatmaps for visualizing complex data. Journal 
of Computational and Graphical Statistics, 1–30. https://doi.org/10.10
80/10618600.2018.1473780.

Biggs, J., Ewald, N., Valentini, A., Gaboriaud, C., Dejean, T., Griffiths, 
R. A., … Dunn, F. (2015). Using eDNA to develop a national citizen 
science‐based monitoring programme for the great crested newt 
(Triturus cristatus). Biological Conservation, 183, 19–28.

Bik, H. M., Porazinska, D. L., Creer, S., Caporaso, J. G., Knight, R., & Thomas, 
W. K. (2012). Sequencing our way towards understanding global eu‐
karyotic biodiversity. Trends in Ecology & Evolution, 27, 233–243.

Deagle, B. E., Clarke, L. J., Kitchener, J. A., Polanowski, A. M., & 
Davidson, A. T. (2018). Genetic monitoring of open ocean biodi‐
versity: An evaluation of DNA metabarcoding for processing con‐
tinuous plankton recorder samples. Molecular Ecology Resources, 
18, 391–406.

Djurhuus, A., Pitz, K., Sawaya, N. A., Rojas‐Márquez, J., Michaud, B., 
Montes, E., … Breitbart, M. (2018). Evaluation of marine zooplankton 
community structure through environmental DNA metabarcoding. 
Limnology and Oceanography: Methods, 16, 209–221.

Djurhuus, A., Port, J., Closek, C. J., Yamahara, K. M., Romero‐Maraccini, 
O., Walz, K. R., … Chavez, F. P. (2017). Evaluation of filtration and 
DNA extraction methods for environmental DNA biodiversity as‐
sessments across multiple trophic levels. Frontiers in Marine Science, 
4, 314.

Edgar, R. C. (2010). Search and clustering orders of magnitude faster than 
BLAST. Bioinformatics, 26, 2460–2461.

Folmer, O., Black, M., Hoeh, W., & Lutz, R. V. R. (1994). DNA primers 
for amplification of mitochondrial cytochrome c oxidase subunit 
I from diverse metazoan invertebrates. Molecular Marine Biology & 
Biotechnology, 3, 294–299.

Goldberg, C. S., Pilliod, D. S., Arkle, R. S., & Waits, L. P. (2011). Molecular 
detection of vertebrates in stream water: A demonstration using 
Rocky Mountain tailed frogs and Idaho giant salamanders. PLoS ONE, 
6, e22746.

Green, A. L., Maypa, A. P., Almany, G. R., Rhodes, K. L., Weeks, R., 
Abesamis, R. A., … White, A. T. (2015). Larval dispersal and movement 

https://orcid.org/0000-0001-6841-2659
https://orcid.org/0000-0001-6841-2659
https://orcid.org/0000-0002-3517-7522
https://orcid.org/0000-0002-3517-7522
https://orcid.org/0000-0003-3210-2899
https://orcid.org/0000-0003-3210-2899
https://doi.org/10.1080/10618600.2018.1473780
https://doi.org/10.1080/10618600.2018.1473780


     |  1039SAWAYA et al.

patterns of coral reef fishes, and implications for marine reserve net‐
work design. Biological Reviews, 90, 1215–1247.

Horton, T., Kroh, A., Ahyong, S., Bailly, N., Boury‐Esnault, N., Brandão, 
S. N., … Zeidler, W. (2018) World Register of Marine Species 
(WoRMS). Retrieved from http://www.marinespecies.org at VLIZ. 
doi:10.14284/170

Hugenholtz, P., Goebel, B. M., & Pace, N. R. (1998). Impact of culture‐in‐
dependent studies on the emerging phylogenetic view of bacterial 
diversity. Journal of Bacteriology, 180, 6793.

Huson, D. H., Auch, A. F., Qi, J., & Schuster, S. C. (2007). MEGAN analysis 
of metagenomic data. Genome Research, 17, 377–386.

Jane, S. F., Wilcox, T. M., McKelvey, K. S., Young, M. K., Schwartz, M. K., 
Lowe, W. H., … Whiteley, A. R. (2015). Distance, flow and PCR inhi‐
bition: eDNA dynamics in two headwater streams. Molecular Ecology 
Resources, 15, 216.

Kelly, R. P., Closek, C. J., O’Donnell, J. L., Kralj, J. E., Shelton, A. O., & 
Samhouri, J. F. (2017). Genetic and manual survey methods yield dif‐
ferent and complementary views of an ecosystem. Frontiers in Marine 
Science, 3, 283.

Kelly, R. P., Port, J. A., Yamahara, K. M., & Crowder, L. B. (2014). Using 
environmental DNA to census marine fishes in a large mesocosm. 
PLoS ONE, 9, e86175.

Kircher, M., Stenzel, U., & Kelso, J. (2009). Improved base calling for 
the Illumina Genome Analyzer using machine learning strategies. 
Genome Biology, 10, R83.

Kuffner, I. B., Lidz, B. H., Hudson, J. H., & Anderson, J. S. (2015). A cen‐
tury of ocean warming on Florida Keys coral reefs: Historic in situ 
observations. Estuaries and Coasts, 38, 1085–1096.

Lackey, R. T. (2001). Values, policy, and ecosystem health: Options for resolv‐
ing the many ecological policy issues we face depend on the concept of 
ecosystem health, but ecosystem health is based on controversial, value‐
based assumptions that masquerade as science. BioScience, 51, 437–443.

Leray, M., Agudelo, N., Mills, S. C., & Meyer, C. P. (2013). Effectiveness 
of annealing blocking primers versus restriction enzymes for char‐
acterization of generalist diets: Unexpected prey revealed in the gut 
contents of two coral reef fish species. PLoS ONE, 8, e58076.

Letunic, I., & Bork, P. (2016). Interactive tree of life (iTOL) v3: An online 
tool for the display and annotation of phylogenetic and other trees. 
Nucleic Acids Research, 44, W242–W245.

Love, M. I., Huber, W., & Anders, S. (2014). Moderated estimation of 
fold change and dispersion for RNA‐seq data with DESeq2. Genome 
Biology, 15, 550.

Mahé, F., Rognes, T., Quince, C., de Vargas, C., & Dunthorn, M. (2014). 
Swarm: Robust and fast clustering method for amplicon‐based stud‐
ies. PeerJ, 2, e593.

Mahé, F., Rognes, T., Quince, C., de Vargas, C., & Dunthorn, M. (2015). 
Swarm v2: Highly‐scalable and high‐resolution amplicon clustering. 
PeerJ, 3, e1420.

Marcus, N. H., & Boero, F. (1998). Production and plankton community 
dynamics in coastal aquatic systems: The importance of benthic‐pe‐
lagic coupling and the forgotten role of life cycles. Limnology and 
Oceanography, 43, 763–768.

Martin, M. (2011). Cutadapt removes adapter sequences from high‐
throughput sequencing reads. EMBnet.journal, 17, 10.

Maruyama, A., Nakamura, K., Yamanaka, H., Kondoh, M., & Minamoto, 
T. (2014). The release rate of environmental DNA from juvenile and 
adult fish. PLoS ONE, 9, e114639.

Mcmurdie, P. J., & Holmes, S. (2013). phyloseq : An R package for repro‐
ducible interactive analysis and graphics of microbiome census data. 
PLoS ONE, 8, e61217.

Moberg, F., & Folke, C. (1999). Ecological goods and services of coral reef 
ecosystems. Ecological Economics, 29, 215–233.

O’Donnell, J. L., Kelly, R. P., Shelton, A. O., Samhouri, J. F., Lowell, N. C., & 
Williams, G. D. (2017). Spatial distribution of environmental DNA in a 
nearshore marine habitat. PeerJ, 5, e3044.

Oksanen, A. J., Blanchet, F. G., Friendly, M., Kindt, R., Legendre, P., … 
Szoecs, E. (2017) Package “ vegan”.

Pace, N. R. (1997). A molecular view of microbial diversity and the bio‐
sphere. Science, 276, 734–740.

Pace, N. R., Stahl, D. A., Lane, D. J., & Olsen, G. J. (1986). The analysis of 
natural microbial populations by ribosomal RNA sequences. In K. C. 
Marshall (Ed.), Advances in Microbial Ecology (pp. 1–55). Boston, MA: 
Springer US.

Palumbi, S. R. (2004). Marine reserves and ocean neighborhoods: The 
spatial scale of marine populations and their management. Annual 
Review of Environment and Resources, 29, 31–68.

Parada, A. E., Needham, D. M., & Fuhrman, J. A. (2016). Every base 
matters: Assessing small subunit rRNA primers for marine microbi‐
omes with mock communities, time series and global field samples. 
Environmental Microbiology, 18, 1403–1414.

Pedro, C., Di, B., Massana, R., Marina, D. D. B., & De, Cie I. (2001). Study 
of genetic diversity of eukaryotic picoplankton in different oceanic 
regions by small‐subunit rRNA gene cloning and sequencing. Applied 
and Environmental Microbiology, 67, 2932–2941.

Pilliod, D. S., Goldberg, C. S., Arkle, R. S., & Waits, L. P. (2013). Factors 
influencing detection of eDNA from a stream‐dwelling amphibian. 
Molecular Ecology Resources, 14, 109–116.

Port, J. A., O’Donnell, J. L., Romero‐Maraccini, O. C., Leary, P. R., Litvin, 
S. Y., Nickols, K. J., Yamahara, K. M., & Kelly, R. P. (2016). Assessing 
vertebrate biodiversity in a kelp forest ecosystem using environmen‐
tal DNA. Molecular Ecology, 25, 527–541.

Pruesse, E., Quast, C., Knittel, K., Fuchs, B. M., Glo, F. O., & Ludwig, W. 
(2007). SILVA : A comprehensive online resource for quality checked 
and aligned ribosomal RNA sequence data compatible with ARB. 
Nucleic Acids Research, 35, 7188–7196.

Ratnasingham, S., & Hebert, P. D. N. (2007). bold: The barcode of life 
data system (http://www.barcodinglife.org). Molecular Ecology Notes, 
7, 355–364.

Rees, H. C., Maddison, B. C., Middleditch, D. J., Patmore, J. R. M., & 
Gough, K. C. (2014). The detection of aquatic animal species using 
environmental DNA–a review of eDNA as a survey tool in ecology. 
Journal of Applied Ecology, 51, 1450–1459.

Riaz, T., Shehzad, W., Viari, A., Pompanon, F., Taberlet, P., & Coissac, 
E. (2011). ecoPrimers: Inference of new DNA barcode markers 
from whole genome sequence analysis. Nucleic Acids Research, 39, 
e145–e145.

Sassoubre, L. M., Yamahara, K. M., Gardner, L. D., Block, B. A., & Boehm, 
A. B. (2016). Quantification of environmental DNA (eDNA) shed‐
ding and decay rates for three marine fish. Environmental Science & 
Technology, 50, 10456–10464.

Shanks, A. L., Grantham, B. A., & Carr, M. H. (2003). Propagule disper‐
sal distance and the size and spacing of marine reserves. Ecological 
Applications, 13, S159–S169.

Stat, M., Huggett, M. J., Bernasconi, R., DiBattista, J. D., Berry, T. E., 
Newman, S. J., … Bunce, M. (2017). Ecosystem biomonitoring with 
eDNA: Metabarcoding across the tree of life in a tropical marine en‐
vironment. Scientific Reports, 7, 12240.

Suman, D., Shivlani, M., & Walter Milon, J. (1999). Perceptions and at‐
titudes regarding marine reserves: A comparison of stakeholder 
groups in the Florida Keys National Marine Sanctuary. Ocean and 
Coastal Management, 42, 1019–1040.

Taberlet, P., Coissac, E., Hajibabaei, M., & Rieseberg, L. H. (2012). 
Environmental DNA. Molecular Ecolology, 21, 1789.

Thomsen, P. F., Kielgast, J., Iversen, L. L., Moller, P. R., Rasmussen, 
M., & Willerslev, E. (2012). Detection of a diverse marine fish 
fauna using environmental DNA from seawater samples. PLoS 
ONE, 7, e41732.

Tilman, D., Kilham, S. S., & Kilham, P. (1982). Phytoplankton community 
ecology: The role of limiting nutrients. Annual Review of Ecology and 
Systematics, 13, 349–372.

http://www.marinespecies.org


1040  |     SAWAYA et al.

Turner, C. R., Barnes, M. A., Xu, C. C. Y., Jones, S. E., Jerde, C. L., & Lodge, 
D. M. (2014). Particle size distribution and optimal capture of aque‐
ous macrobial eDNA. Methods in Ecology and Evolution, 5, 676.

Vestheim, H., & Jarman, S. N. (2008). Blocking primers to enhance PCR 
amplification of rare sequences in mixed samples ‐ a case study on 
prey DNA in Antarctic krill stomachs. Frontiers in Zoology, 5, 12.

Zhang, J., Kobert, K., Flouri, T., & Stamatakis, A. (2014). PEAR: A fast 
and accurate Illumina Paired‐End reAd mergeR. Bioinformatics, 30, 
614–620.

SUPPORTING INFORMATION

Additional supporting information may be found online in the 
Supporting Information section at the end of the article.   

How to cite this article: Sawaya NA, Djurhuus A, Closek CJ, et 
al. Assessing eukaryotic biodiversity in the Florida Keys 
National Marine Sanctuary through environmental DNA 
metabarcoding. Ecol Evol. 2019;9:1029–1040. https://doi.
org/10.1002/ece3.4742

https://doi.org/10.1002/ece3.4742
https://doi.org/10.1002/ece3.4742

